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Abstract

“Synthetic biology” is a concept that has developed together with, or slightly after, “systems biology”
But while systems biology aims at the full understanding of large systems by integrating more and more
details into their models, synthetic biology phrases different questions, namely: what particular biological
function could be obtained with a certain known subsystem of reduced complexity; can this function be
manipulated or engineered in artificial environments or genetically modified organisms; and if so, how?
The most prominent representation of synthetic biology has so far been microbial engineering by recom-
binant DNA technology, employing modular concepts known from information technology. However,
there are an increasing number of biophysical groups who follow similar strategies of dissecting cellular
processes and networks, trying to identify functional minimal modules that could then be combined in a
bottom-up approach towards biology. These modules are so far not as particularly defined by their impact
on DNA processing, but rather influenced by core fields of biophysics, such as cell mechanics and mem-
brane dynamics. This review will give an overview of some classical and some quite new biophysical strate-
gies for constructing minimal systems of certain cellular modules. We will show that with recent advances
in understanding of cytoskeletal and membrane elements, the time might have come to experimentally

challenge the concept of a minimal cell.
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Introduction: synthetic biology from a
biophysical perspective

We have entered the “omics” era of the life sciences,
meaning that our general knowledge about biological
systems has become vast, complex, and almost impos-
sible to fully comprehend. Consequently, the challenge
for quantitative biology and biophysics is to identify
appropriate procedures and protocols that allow the
researcher to strip down the complexity of a biological
system to a level that can still be reliably modeled, but
retaining the essential features of its “real” counterpart.
The virtue of physics has always been the reduction-
ist approach, which allowed scientists to identify the
underlying basic principles of seemingly complex phe-
nomena, and subject them to rigorous mathematical
treatment. Biological systems are obviously among the
most complex phenomena we can think of, and it is

fair to state that our rapidly increasing knowledge does
not make it easier to identify a small set of fundamental
principles of the big concept of “life” that can be defined
and quantitatively understood. Nevertheless, it is our
firm conviction that only by strong interdisciplinary
exchange, applying intelligent reductionist approaches
also to biology, will we be able to meet the intellectual
and practical challenges of the 21st century.

The famous physicist Richard Feynman is credited
with the quote “What I cannot create, I do not under-
stand” (Hawking, 2001). In a strict sense, following this
quote, we would only fully understand a biological sys-
tem if we were able to make it from scratch. Besides ethi-
cal implications that we will not be able to address here,
it appears to be a rather hopeless enterprise to construct
a “modern” cell, let alone a whole organism, in all its
complexity. On the other hand, life has arisen from
presumably much simpler subsystems (Deamer, 2005),

Address for Correspondence: Petra Schwille, Biophysics/BIOTEC, TU Dresden, Tatzberg 47-51, D-01307 Dresden, Germany. Tel: +49 351 463 40328. Fax: +49

351 463 40342. E-mail: schwille@biotec.tu-dresden.de
(Received 14 April 2009; revised 23 May 2009; accepted 28 May 2009)

ISSN 1040-9238 print/ISSN 1549-7798 online © 2009 Informa UK Ltd
DOI: 10.1080/10409230903074549

http://www.informapharmascience.com/bmg


mailto:schwille@biotec.tu-dresden.de
http://www.informa.com/doifinder/10.1080/10409230903074549

224 P. Schwille and S. Diez

containing unknown and probably no longer existing
key molecules. The success of several functional in vitro
assays for biological subsystems (discussed below)
functioning in environments of dramatically reduced
complexity suggests that it is indeed possible to recon-
stitute essential features and distinct modules of the cell
from small and physically controllable sets of molecules,
and by doing this to learn more about the fundamental
physical and chemical laws on which nature builds the
phenomenon of life (Hartwell ef al., 1999). This striving
for a better understanding of biological, particularly cel-
lular, systems via a so-called “bottom-up biology” is the
primary motivation of a new branch of biophysics and
biology, which belongs to the larger field of synthetic
biology, although it distinguishes itself from most of the
more “classical” representations: Engineering biological
parts and circuits based on recombinant DNA technol-
ogy (Ferber, 2004; Benner and Sismour, 2005; Endy,
2005; Arkin, 2008; Canton ef al., 2008).

The modern way to look at proteins, DNA and other
key molecules that were identified as the main organ-
izing structures in living systems is that of so-called
“molecular machines” (Browne and Feringa, 2006). We
believe that evolution enabled these molecules to adopt
the most intricate and complex shapes and functionali-
ties, which are now perfectly suited to fulfilling specific
tasks in their cellular environment. With technological
development running into problems of continuous min-
iaturization, in particular the assembly of ever smaller
functional units, it has become a widely shared hope
that nanoscale biological machines that have already
had their functionality improved over billions of years
could be smartly integrated into nanotechnological
devices. They can fulfill tasks as structural templates
(Aldaye et al., 2008), in the transport of matter (Hess
et al., 2001), in ATP production (Choi and Motemagno,
2005), or more generally act as individually addressable
molecular switches in higher organized circuits. There
are many developments in the field of nanobiotechnol-
ogy that already support this view. For example, DNA has
already shown a remarkable potential in nanoengineer-
ing (Winfree et al., 1998; Rothemund, 2006), since this
molecule can be relatively easily manipulated, function-
alized, and reproduced in large numbers. On the other
hand, energy-driven proteins such as molecular motors
have found use in transporting non-biological material
(Hess and Vogel, 2001), and the combination of proteins
and biological structures with inorganic materials have
yielded most amazing new tools for the materials sci-
ences (Seeman and Belcher, 2002).

In all these efforts to use biological material in tech-
nological processes, the key task is that of proper inter-
facing, i.e. guaranteeing ideal (or at least, sufficient)
environmental conditions to keep the proteins or nucleic
acids intact and functional. This is relatively easy for

simple molecular functions that just need proper tem-
perature, ion concentration, and pH, but it is much more
of a challenge if complex functionality is to be reconsti-
tuted, involving the coordination and orchestration of
many different biological parts at once. Some biological
functions that may be of particular interest and impor-
tance for engineering purposes, such as energy produc-
tion, involve a multitude of molecules and structures
that are much harder to assemble part for part in a test
tube. In these cases, it is absolutely essential to find out
which molecules are of key relevance, and which ones
are just supplemental to certain functionality. In other
words, the task of identifying the minimal system that
fulfils a specific biological function becomes apparent.
In this respect, the aims of engineering and bioengineer-
ing converge with the interests of physics and biophys-
ics, in identifying the smallest functional unit that still
resembles the biological system well enough to mimic
its essential features, but can now be quantitatively
understood and technically mastered.

The approach of identifying a minimal functional sys-
tem seems in some aspects contradictory to the aims of
biology, which always has the complete living organism
in view, and whose genuine interest is to understand the
entire system in all its complexity. However, as already
pointed out, with all information known to date and with
much more to be expected, this task of comprehend-
ing the complete picture seems to become impossible,
even with all the computational power that is or might
be available. Also, systematic gene knockouts have pro-
vided evidence that evolution has accumulated a lot of
redundancy in living systems, so that probably not all
the proteins which can be identified in an organism
are in fact relevant to life functions. For this reason, cell
and molecular biologists, who have in recent years been
successfully designing and using assays to functionally
reconstitute biological functions in vitro, are becoming
more and more attracted by the idea of creating minimal
systems that can be better controlled and analyzed than
the complete biological phenomenon.

Synthetic biology has at least two goals: (1) the re-
engineering or reconstitution of existing systems for
better (quantitative) understanding; and, based on this
knowledge, (2) the engineering of new systems, or of
biological functions that do not (yet) exist in nature. This
article will primarily deal with the first aim, discussing
the enormous impact of minimal systems on the devel-
opment of modern biological physics. It is not within the
scope of this article to provide a comprehensive overview
of the many different ways of constructing controllable
subsets of biological systems, e.g. the protein purification
and in vitro analysis methods carried out thousands of
times in laboratories worldwide every day. Our selection
of approaches focuses on minimal systems that form the
very core of a cellular system, comprising information



units such as nucleic acids, membrane compartments
to encapsulate them, and machinery to transform, and
finally replicate, these compartments using biological
energy, such as motor and filament systems.

Since our original motivation to deal with synthetic
biology was primarily biophysical, we emphasize those
model systems thathave in the pastbeen mostrewarding
in terms of a quantitative description of biological struc-
ture formation and self-organization. Part A will give a
short overview of the successful reconstitution of molec-
ular motor systems on filaments of the cytoskeleton, a
system that has probably benefited most so far from the
so-called “single molecule techniques” including single
molecule tracking and force measurements. Part B will
be devoted to successful model systems of membranes
and membrane compartments, with reduced composi-
tional complexity, but retaining essential features such
as functional domains, potentially active in specific
recruitment of membrane-sculpting or -transforming
protein machinery. Part C is devoted to a discussion of
minimal systems that encapsulate biological informa-
tion or biochemical processes in general, a fundamental
requirement for all evolvable life forms. Part D, finally,
discusses some of the recent accomplishments in recon-
stituting the most fascinating ability of living structures,
that of dynamic pattern formation under energy con-
sumption, potentially being the physical basis for cell
and tissue organization, and generally the development
of all higher organisms (Turing, 1952).

Part A: Minimal systems for the
understanding of cellular mechanics

The mechanical stability and integrity of biological cells
is provided by the cytoskeleton, a semidilute mesh-
work of biopolymers. Recent research has underscored
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its role as a dynamic network, whose passive and
active mechanical performance is intimately linked
to many biological functions. In vitro reconstitution
of “functional modules” of the cytoskeleton, namely
cytoskeletal filaments, motor proteins and interactions
between them, is now seen as a way of balancing the
mutually conflicting demands for simplicity, which is
required for systematic and quantitative studies, and
for a sufficient degree of complexity that allows a faith-
ful representation of biological functions (Bausch and
Kroy, 2006).

Cytokeletal motor systems

Transport in cell biology is mainly mediated by biomo-
lecular motors, the active workhorses in cells. They are
complexes of two or more proteins that convert chemical
energy, usually in the form of the high-energy phosphate
bond of ATP, into directed motion. These motors include
myosins (the most prominent example being muscle
myosin-II) moving along actin filaments (diameter 6 nm,
repeat length 5.5 nm, composed of two filament strands)
as well as members of the kinesin and dynein families.
The latter motors move on microtubules (see Figure 1a),
which are stiff, hollow cylinders (diameter 25nm) com-
posed of about 13 parallel protofilaments that are made
of tubulin dimers (repeat length 8nm). Actin filaments
and microtubules, which possess a structural polarity
important for the directed movement of motor proteins,
form a network of highways within cells, and localized
cues are used to target specific cargoes to specific sites
(Howard, 2001).

The general setups for studying cytoskeletal motor
proteins outside cells - the so-called motility assays -
are depicted in Figures 1b-1d. In the gliding assay, the
motors are immobilized on a surface and the filaments
glide over the assembly (Figure 1b). In the stepping

Mlcrotubule

20 nm

Microtubule

Figure 1. Kinesin-microtubule assays. (a) In a cellular environment, kinesin-1 motors transport cargo, such as membrane-bounded vesicles,
along microtubule tracks (Image courtesy of G. Johnson). The motility of molecular motors can be reconstituted in vitro in (b) gliding assays
(where the filaments are propelled by surface-bound motor molecules) and (c) stepping assays (where the filaments are immobilized on the
surface and motors walk on them). (d) Sequence of fluorescent micrographs showing the movement of a kinesin motor (labeled with the green
fluorescent protein) along a microtubule (red) in a single-molecule stepping assay. Images were acquired at the indicated times using total-
internal-reflection fluorescence microscopy.
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assay, the filaments are laid out on the surface where
they form tracks for the motors (possibly carrying cel-
lular or artificial cargo) to move along (Figures 1c, 1d).
Both assays are performed in aqueous solution, where
the environmental conditions are chosen similar to those
present in cells (Allen et al., 1982; Vale et al., 1985b). One
important early finding from these assays was that non-
hydrolyzable analogs of ATP (such as AMPPNP) lead to
the stabilization of microtubule-organelle complexes,
directly indicating that ATPase activity was responsible
for active transport (Lasek and Brady, 1985). Combined
with the possibility of efficiently polymerizing and sta-
bilizing microtubules in vitro (Weisenberg, 1972) these
results enabled the affinity-purification of motor pro-
teins (later on to be used in reconstituted assays) from
cell lysates (Vale et al., 1985a; Paschal ef al., 1991).

Single-motor studies

With regard to observing motor-driven movement under
the light microscope, high contrast transmitted-light
techniques (Nagashima and Asakura, 1980; Allen et al.,
1981; Inoue, 1981) or fluorescence markers (Yanagida
et al., 1984; Kron and Spudich, 1986) were applied. By
the further development of these techniques, as well
as by the careful tuning of the parameters in the motil-
ity assays, it became possible to investigate molecular
motors at the level of single molecules. As such, it could
be shown in gliding assays at low motor density that
kinesin-1 is a processive motor, capable of performing
hundreds of steps before dissociating (Howard et al.,
1989). To tackle the question if kinesin-1 moves in a step-
wise manner along microtubules, stepping assays were
performed with individual motors attached to micron-
sized beads. These beads were held in the focus of a laser
trap. Using a sensitive photodetector, Block’s group iden-
tified quantized 8-nm steps (Svoboda et al., 1993) and
single-motor forces of about 5-6 pN (Svoboda and Block,
1994). Similar experiments were carried with myosin
motors (Finer et al., 1994). To unravel the question of
energy consumption, total-internal reflection fluores-
cence (TIRF) microscopy was applied by the Yanagida
group to image individual fluorescently-labeled myosin
subfragments simultaneously with the association of
fluorescently-labeled ATP molecules (Funatsu et al.,
1995). The movement of individual kinesin-1 motors
labeled with Cy3 (Vale et al., 1996) or with the green fluo-
rescent protein (GFP) (Pierce et al., 1997) along microtu-
bules was recorded. Since then, the field of in vitro single
molecule research on cytoskeletal motor proteins has
vastly expanded and served as a basis for the investiga-
tion of other single-molecule interactions, such the inter-
actions of proteins with nucleic acids. Recent advances
on the technological side include the application of novel
optical markers such as quantum dots (Reck-Peterson

et al., 2006) or metal nanoparticles (Dunn and Spudich,
2007), improved blocking techniques to prevent unde-
sired fluorescence from proteins binding to the substrate
surface (Helenius et al., 2006; Bieling et al., 2007), sophis-
ticated nanometer tracking algorithms (Thompson et al.,
2002; Yildiz et al., 2003), and single-molecule fluores-
cence resonance energy transfer (FRET) approaches (Ha
etal., 1996; Mori et al., 2007).

Multi-motor transport

In cells, motor proteins usually operate in small groups
(Ashkin et al., 1990; Gross et al., 2002). In order to test
for cooperative effects between motors of the same
directionality, various in vitro experiments with coupled
motors have been performed: (i) multiple monomeric
kinesin-1 motors attached to artificial protein scaffolds
showed enhanced hydrolysis activity and microtubule
gliding velocity (Diehl et al., 2006); (ii) beads pulled
by an increasing number of dimeric kinesin-1 motors
exhibited strongly increased run-lengths (Beeg et al.,
2008); and (iii) cargo transported by multiple dimeric
kinesin-1 motors moved with fractional steps (Leduc
et al., 2007). These fractional steps, observed in our
group, indicate a lack of synchronization between the
motors. By improving the quality of biocompatible sur-
faces to immobilize motor proteins at controlled surface
densities, it was shown that the stochasticity of stepping
can cause mutual interference (Bieling et al., 2008). In
particular, mechanically coupled kinesin-1 molecules
lacking a number of flexible elements in their non-motor
parts moved microtubules with reduced velocity (Bieling
et al., 2008; Crevenna et al., 2008). The methods, by
which motors are adsorbed to artificial surfaces in motil-
ity assays, have also been identified as crucial factors
when employing myosin motors (Mansson et al., 2008).
Additionally, motility assays using motors with opposite
directionality reproduced a variety of transport modes
including bidirectional movement (Tao et al., 2006; Vale
et al., 1992) as formerly observed in vivo (Schnapp et al.,
1985) and predicted in theory (Badoual et al., 2002).
Recent advances in understanding how motor pro-
teins work have raised hopes that they might find novel
applications as nanomachines in miniaturized lab-on-
chip systems (see Figure 2). For example, they could be
used to generate and manipulate artificial nanostruc-
tures, autonomously measure surface properties or sort
molecular reagents. However, for these applications,
their movement has to be controllable by external sig-
nals. So far, spatio-temporal control over motor-driven
filaments has been achieved using topographical and
chemical surface modifications (Hiratsuka et al., 2001;
van den Heuvel et al., 2005), as well as hydrodynamic
(Gast et al., 2006), thermal (Ionov et al., 2006) and elec-
tric fields (van den Heuvel et al., 2006). In addition to
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Figure 2. Example of a nanotechnological transport system based on motor proteins in a synthetic environment. Microtubules are propelled
over the surface by immobilized kinesin motors in the presence of ATP. Cargo (e. g. quantum dots) can be picked up at a loading station and - by

the means of spatial guiding systems - delivered to a drop-off point.

these basic techniques for controlling motion, some first
applications have been demonstrated. These include the
transport of silicon microchips (Limberis and Stewart,
2000) and virus particles (Bachand et al., 2006), the
setup of DNA networks (Dinu ef al., 2006), the sorting
of molecular assemblies (Ionov et al., 2005; Lin et al.,
2008; Raab and Hancock, 2008), and the measurement
of forces in the pN range (Hess et al., 2002) (for recent
reviews see also Hess, 2006; van den Heuvel and Dekker,
2007; Goel and Vogel, 2008).

Motor-driven structure formation

Besides directed cargo transport, motor proteins are
also involved in the establishment and maintenance of
cellular structures, such as the mitotic spindle. For this
functionality, microtubule cross-linking motors - which
possess a second microtubule interaction site - are
of particular interest. To better understand their role,
microtubule-microtubule sliding experiments (with one
microtubule fixed to the substrate surface and the other
one free) were reconstituted in vitro. Using this geom-
etry, it has been shown that kinesin-5 and kinesin-14
drive the sliding of microtubules depending on their
relative orientation (Kapitein et al., 2005, Fink et al.,
2009). Moreover, it was demonstrated that kinesin-5
can switch between diffusional and directed movement
upon microtubule cross-linking (Kapitein et al., 2008).
For nanotechnological applications, it was shown that
filament-filament sliding can provide a means for the
spatial guiding of cargo-carrying microtubule-shuttles
along predefined tracks (Reuther et al., 2006). When
purified kinesin-1 (Urrutia et al., 1991) or engineered,

multi-headed kinesin-1 constructs (Nedelec et al., 1997)
were mixed with stabilized microtubules in solution,
dynamic asters and a variety of other large-scale pat-
terns appeared through self-organization. Functional
nuclei and mitotic spindles were shown to assemble
around DNA-coated beads incubated in Xenopus egg
extracts (Heald et al., 1996).

Microtubule dynamics

While the experimental approaches described so far
have made use of stabilized filaments, they are, in real-
ity, highly dynamic structures. For microtubules, this
behavior was elegantly demonstrated by Mitchison
and Kirschner in a reconstituted system where micro-
tubule extensions were grown off from stabilized seeds
(Mitchison and Kirschner, 1984). It was observed that
the plus ends of the microtubules switched between
phases of slow growth and fast shrinkage, a behavior
which was termed “dynamic instability” Besides the fact
that dynamic instability provided a mechanism by which
microtubules could reassemble into different structures
during the cell cycle, it was hypothesized that their
growth and shrinkage might also be directly (i.e. without
the activity of motor proteins) involved in processes of
force generation, e.g. during chromosome movement.
In vitro studies with purified tubulin indeed confirmed
that microtubules themselves can act as molecular
machines. Attaching microtubules to a substrate at one
end and causing them to push against a microfabricated
rigid barrier with the other (growing) end caused the
buckling of the filament (Dogterom and Yurke, 1997).
Moreover, it was shown that polymerizing microtubules
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can deform membranes (Fygenson et al., 1997) while
depolymerizing microtubules can move beads attached
to their end (Coue et al., 1991). The forces generated by
a growing microtubule are estimated to be about 4 pN
(Dogterom and Yurke, 1997) (comparable to the force of
a single motor protein) while much lower forces are gen-
erated by growing actin filaments (Footer et al., 2007).
In order to reconstitute the outcome of these forces in
the closed environment of living cells, dynamic micro-
tubule asters were placed in micro-fabricated chambers
(Faivre-Moskalenko and Dogterom, 2002; Holy et al.,
1997). In such confined geometries, the pushing forces
were capable of centering the aster, similar to the center-
ing of the nucleus in yeast (Tran et al., 2001). In cells,
the dynamics of microtubules are further influenced
by motor proteins (e.g. mitotic centromere-associated
kinesins) and microtubule-associated proteins that
bind all along the microtubule lattice or specifically to
the end of the microtubules. The contributions of these
proteins to the dynamic instability of microtubules have
been recently illuminated in reconstituted multicompo-
nent assays (Kinoshita et al., 2001) and single-molecule
assays (Helenius et al., 2006; Varga et al., 2006; Bieling
et al., 2007; Brouhard et al., 2008).

Actin polymerization

Actin polymerization is essential for cell locomotion
and is thought to generate the force responsible for cel-
lular protrusions. Moreover, bacteria such as Listeria
and Shigella use actin assembly to propel themselves
in living cells (Theriot ef al., 1992). The in vitro recon-
stitution of this propulsion machinery using purified
components (in the absence of myosin motors) has
allowed Carlier’s group to determine the minimal
requirements of actin-based motility (Loisel et al.,
1999). This way, it was found that in addition to actin,
an activated Arp2/3 complex for enhanced nucleation,
actin depolymerizing factors, capping proteins, and
ATP were required for sustained motility. Propulsion
is then due to actin polymerization at one end of
the actin filaments (at the surface of the bacterium)
and depolymerization at the other end in a so called
“treadmilling” process. Polystyrene beads coated with
purified bacterial protein ActA protein were shown to
undergo directional movement in an actin-rich cyto-
plasmic extract. Thus, the actin polymerization-based
motility can be used to move nonbiological cargo, as
has been demonstrated for classical motor molecules
such as kinesin and myosin (Cameron ef al., 1999).
Quantitative force measurements were performed
in a micromanipulation experiment, where a comet
growing from a coated polystyrene bead was held by
a micropipette while the bead was attached to a force
probe (Marcy et al., 2004).

Part B: Minimal systems for cellular
membranes

Supported or free-standing: two powerful model sys-
tems for artificial membranes

Membranes are nature’s prime choice for encapsula-
tion and compartmentation of biological molecules
and systems. Although there are interesting specula-
tions about the potential role of two-dimensional
segregation of molecules on surfaces as the simplest
way to establish modular systems (Griffiths, 2007) in
early life forms, the large numbers of soluble factors in
modern cells require strategies of three-dimensional
confinement. Lipids are certainly among the best
possible solutions to tightly seal aqueous environ-
ments with a maximum of structural flexibility and
transformability. Formed entirely by self-organization
without chemical energy input, and held together by
the exclusion of water from their hydrophobic cores,
membranes are remarkably thin structures consider-
ing their enormous potential as barriers not only for
large molecules, but also for small molecules, and par-
ticularly, hydrated ions.

For thorough biophysical characterization of
biological membranes with modern biophysical tech-
niques, two model systems have in the past been par-
ticularly successful. One is the supported membrane
system that consists of a solid support, mostly polished
glass or mica surfaces, and a double layer of lipids
forming an intact unilamellar membrane on top of it
(Tamm and McConnell, 1985; Sackmann, 1996). Due
to a thin hydration layer beneath the membrane, it is
usually guaranteed that the lipids can move more or
less freely and are unaffected by the surface (Yang and
Appleyard, 2000). However, as soon as integral mem-
brane proteins are reconstituted into the membrane
with hydrophilic residues sticking out more than a few
nanometers, pinning can occur, which then requires
hydrogel or other polymer cushions to be deposited on
the solid support (Tanaka and Sackmann, 2005; Chan
and Boxer, 2007), or the use of long polymer tethers
(Knoll et al., 2000). The other model system, featuring
free-standing membranes with minimal interference
with any support, involves giant unilamellar vesicles
(GUVs), closed lipid bilayers with diameters well above
the optical resolution limit, from several micrometers
up to hundreds of micrometers (Akashi et al., 1996).
Due to their gigantic sizes, the vesicular membranes
can be assumed to be almost flat with vanishing cur-
vature, and are perfectly suited to be investigated by
optical microscopy.

In the following, we will briefly discuss these minimal
systems for cellular membranes and their specific vir-
tues for biophysical characterization.



Supported membranes: accessible to many biophysical
techniques

Supported membranes or, as they are frequently called,
supported lipid bilayers (SLBs) are usually formed
by vesicle fusion, or Langmuir transfer, to the respec-
tive surface (Brian and McConnell, 1984). The quality of
the bilayer, i.e. the continuity and fluidity of the mem-
brane, depends mainly on the quality of the support.
Therefore, intensive cleaning of the glass substrate or
using freshly cleaved mica as support is of crucial impor-
tance. Once deposited, the membranes are usually
quite stable and can be exposed to several preparative
and analytical steps. They are even adaptable to surface
patterning techniques such as microprinting (Chan and
Boxer, 2007; Morigaki ef al., 2001).

The biggest advantage of the supported membrane
system is its adaptability to a large number of biophysi-
cal characterization techniques. Optical microscopy and
spectroscopy techniques are easily applicable, but the
system is also suitable for scanning probe microscopy,
impedance measurements such as quartz crystal micro-
balance and surface plasmon resonance (Salamon et al.,
1994; Janshoff et al.,, 1997; Keller and Kasemo, 1998;
Janshoff and Steinem, 2001) and total internal reflection
fluorescence to observe single molecules (Groves et al.,
2008; Crane and Tamm, 2007). Consequently, the micro-
and nanostructure of supported membranes with or
without integral proteins can be characterized with high
precision. If two-dimensional protein crystals, e.g. from
the membranes of purple bacteria or from mitochon-
drial membranes, can be reconstituted, atomic force
microscopy (AFM) is even able to resolve atomic details
on the external domains of transmembrane proteins
(Engel and Miiller, 2000).

Apart from the possibility of studying membrane
domain formation in symmetric bilayers, as discussed in
the nextsection for free-standing membranes, supported
membranes offer the opportunity to create asymmetric
bilayers (Kiessling et al., 2006). As most natural mem-
branes are asymmetric with regard to the distribution of
lipids in the inner and outer leaflets, this constitutes the
possibility of introducing topological motifs mimicking
the preferable binding or insertion sites for membrane
proteins. Also, the role of domain formation in one leaf-
let (e.g. by receptor aggregation in life cell membranes)
on the lipid distribution in the respective other leaflet
can be investigated.

Research on supported membranes has so far been
primarily directed towards the elucidation of membrane
structure and dynamics (Figure 3) (Saslowsky et al., 2002;
Chiantia, et al., 2006; Garcia-Saez et al., 2007), as well as
the localization and interaction of membrane proteins
(Pautot et al., 2005; Chiantia et al., 2008). As part of the
effort to move closer towards physiological situations,
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protocols have been developed (Perez et al., 2006.) to
adhere functional cell membranes to solid supports,
by coating coverslips with poly-L-lysine and ripping off
parts of upper cell membranes. These native membranes
can then be subjected to the same kinds of analytical
techniques, including atomic force microscopy, resolv-
ing structural features with much higher resolution that
would be possible on intact cells.

To circumvent problems induced by large extra-
membrane domains, another option to generate flat
membranes is the use of scaffolds or supports with small
enough holes to avoid membrane rupture (Goncalves
et al., 2006; Simon ef al., 2007). But generally, using vesi-
cles as a means to study free standing membranes, as
discussed in the next section, is usually a more straight-
forward approach.

Free-standing membranes: the giant unilamellar
vesicle (GUV) system

Giant unilamellar vesicles, or GUVs, have in the past
10 years become extremely attractive systems in the
study of model membranes, particularly because of
their compatibility with optical methods such as light
and fluorescence microscopy, and because of the large
unperturbed areas of free-standing membranes that they
provide. Soon after reliable, easily reproducible proto-
cols for their formation were released (Angelova ef al.,
1992; Akashi et al., 1996), they were demonstrated to be
perfect platforms for the investigation of lipid domain
or phase formation in binary or ternary lipid mixtures
(Korlach et al., 1999; Bagatolli et al., 2000; Baumgart
et al., 2003). They had already earlier been frequently
employed in the biophysical investigation of membrane
surface transformations under various external and
lipidic conditions, following the theoretical models of

Figure 3. AFM imaging of raft-like domains in a membrane. Here,
a supported bilayer composed of SM (sphingomyelin), DOPC cho-
lesterol and ceramide in 0.7:1:0.7:0.3 molar ratio. The three topo-
graphical levels correspond to the Ld, Lo and ceramide-rich phases,
respectively (see Chiantia et al. 2008).
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fluid crystal mechanics (Helfrich, 1973; Lipowsky, 1991;
Lipowsky and Sackmann, 1995; Seifert, 1997).

But the true breakthrough of the GUV model system,
making them well-known and widespread tools also
amongbiologists, came shortly after the acknowledgment
of the potential biological relevance of detergent resist-
ant membranes (DRMs), or, as they are more popularly
called, lipid rafts (Simons and van Meer, 1988; Simons
and Tkonen, 1997). The underlying concept is that the
heterogeneous lipid distribution in cellular membranes
has functional relevance in various biological processes.
Under certain conditions, microdomains with different
physical properties form within the membrane, and act
as platforms for the sorting, enrichment, and activation
of membrane-associated proteins. Being enriched in
sphingomyelin and cholesterol, these domains proved
for a long time impossible to be observed directly in live
cells, due to their presumed sub-resolution sizes of less
than 100nm (Day and Kenworthy, 2009). Although dif-
ferent indirect evidence for local membrane organiza-
tion and its relevance to protein activity has accumulated
(Varma and Mayor, 1998; Rajendran and Simons, 2005;

Wawrezinieck et al., 2005), only the advent of super-
resolution microscopy seems to provide first direct
experimental proof for their - at least transient - exist-
ence in live cellular membranes (Eggeling et al., 2009).
Because sphingomyelin and cholesterol are enriched
in DRMs and have special hydrogen-bonding properties,
they were quickly proposed to be essential ingredients of
lipid rafts. This triggered a large number of studies with
GUVs composed of what is today called the “canonical
raft mixture’, i.e. unsaturated PC, sphingomyelin, and
cholesterol in about equal amounts (Dietrich et al., 2001;
Kahya et al., 2003; Veatch and Keller, 2003a). In GUVs
as minimal models for domain-forming membranes
(Figure 4A), the co-existence of a liquid-disordered,
or fluid, membrane phase, and a more viscous liquid-
ordered phase, could be easily demonstrated by a com-
bination of optical imaging and fluorescence correlation
spectroscopy (FCS), using dyes with different partition
coefficients in the different membrane environments
(Bacia et al., 2004). Spreading vesicles of the same lipid
mixture on solid supports such as mica, AFM could at
the same time reveal that the liquid-ordered phase,

Figure 4. The giant unilamellar vesicle (GUV) model system. A: GUVs made of canonical raft mixture, DOPC, SM, and cholesterol. Red: lig-
uid-disordered phase, Green: liquid-ordered phase. B: Effect of ceramide on membrane structure. GUVs were incubated with SMase from
Staphylococcus aureus. B1: before addition of SMase/ceramide, B2: formation of pits and invaginations on the membrane surface, and budding
of vesicles, B3: Mother GUV filled with small vesicles formed after Cer addition. Again, GUVs were prepared with a mixture of DOPC, SM, and
cholesterol. DiD-C18 (red) and Bodipy-cholesterol (green) were used to label the two lipid phases (Trajkovic et al., 2008). C: Filamentous actin
(green), stably anchored to the GUV membrane (red) through the spectrin-ankyrin system (Merkle et al., 2008)



enriched in sphingomyelin and cholesterol, was about
one nanometer thicker than the fluid phase, which cor-
responds well with the assumption of higher order of the
carbohydrate tails in these domains (Saslowsky et al.,
2002; Chiantia et al., 2006).

Although much fundamental membrane thermody-
namics could be performed with the GUV model system,
mapping exact phase diagrams of specific ternary lipid
mixtures, including different sterols (Scherfeld et al.,
2003; Veatch and Keller, 2003a; Feigenson, 2006; Bacia
et al., 2005), one of its most attractive aspects as minimal
system naturally involves the functional reconstitution
of proteins that are supposed to be raft-associated or
involved in raft formation in live cells, and the investiga-
tion of their partitioning. Specifically, the aim of these
studies with reconstituted proteinsin GUV membranesis
to elucidate the presumed mutual relationship between
the functional state of a protein induced by e.g. aggrega-
tion, conformational change, or chemical modification,
and its respective lipid environment. It is well conceiv-
able that the functional state determines the partition-
ing of the protein into either the liquid-ordered or the
liquid-disordered state. At the same time, the induction
of protein function determines the local membrane
order around it. Both effects could be demonstrated in
the GUV model system. Hammond et al. (2005) showed
that the clustering of GM1 in membranes upon binding
of cholera toxin induced domain formation and the re-
sorting of a transmembrane peptide. In a similar assay
with more complex membrane vesicles derived from full
cell membranes, Lingwood et al. (2008) showed that a
considerable fraction of lipid was actually following this
re-sorting, being drawn to a more ordered state by the
aggregation of protein around it.

The reason that the GUV model system still awaits a
large number of proposed in vitro studies to be carried
out, e.g. by reconstituting a full signaling system involv-
ingreceptors and at least parts of a purified transduction
machinery, is given by the still limiting procedure of how
to reproducibly create giant vesicles at high yield under
physiological conditions. So far, the most reliable proto-
col still involves dehydration and subsequent rehydra-
tion of the lipids in the presence of a slowly alternating
electrical field, either between two adjacent platinum
wires, or sandwiched between two metal-coated cover-
slips, usually using ITO as the metal substrate. Even if
purified proteins withstand the treatment of dehydra-
tion and rehydration, the ionic (in particular, salt) con-
ditions of the buffer that allows vesicle electroformation
in slowly alternating fields are usually considerably
below physiological concentrations. Although recent
publications (Pott et al., 2008; Montes et al., 2007) report
successful strategies for arriving at higher salt concen-
trations, these protocols are still not perfectly compat-
ible with complex membrane protein reconstitution.
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Nevertheless, a large number of transmembrane
proteins have already been successfully transferred in
the controlled, even domain-exhibiting, GUV mem-
branes, including bacteriorhodopsin (Kahya et al.,
2001), ATPases (Girard et al., 2004) and proteins of the
SNARE membrane fusion machinery (Bacia et al., 2004).
All of these transmembrane proteins so far have been
shown to much prefer the liquid-disordered domains.
On the other hand, proteins with membrane anchors
such as GP], or that specifically bind to lipids enriched
in rafts (such as cholera toxin and equinatoxin IT), could
indeed be proven to preferentially segregate into the
liquid-ordered domains (Chiantia et al., 2008; Schén
etal., 2008).

Another very interesting scenario, however, is to
assemble a minimal system of force-inducing or coat-
forming proteins in vitro, acting on and transforming
these artificial membrane systems, with or without
domains. This will be discussed in the next sections.

Membrane transformations by cytoplasmic proteins,
reconstituted in minimal systems

Membranes in living cells are by no means stationary
entities, but permanently engaged in all kinds of trans-
formation. These involve the uptake and release of mole-
cules, their packaging and transport from and to distinct
sites, the transformation of whole organelles and finally,
the large-scale restructuring of the cell membrane dur-
ing cell division. All of these transformations are tightly
regulated and catalyzed by specific protein machineries,
presumably triggered through a sophisticated interplay
between the local lipid environment and the specifically
adapted protein structure and function (McMahon and
Gallop, 2005). Although force-inducing motor proteins
are often involved in large-scale membrane transforma-
tions, most of the intracellular membrane traffic, e.g.
between the Golgi network and the endoplasmic reticu-
lum, actually relies on the recruitment of cytosolic pro-
teins machineries, called “coats’, prone to locally induce
buds with large membrane curvature, which can then be
easily transformed into transport vesicles. Many of these
proteins share as a structural motif amphipathic pep-
tides or helices that can efficiently penetrate the mem-
brane (Farsad and De Camilli, 2003). Best-known coat
machineries include the clathrin system (Kirchhausen,
2000), COPI and COPII (Duden, 2003), as well as the
lately very prominent BAR domain proteins (McMahon
and Gallop, 2005; Antonny, 2006).

In recent years, evidence has accumulated that this
recruitment of cytoplasmic coats occurs predominantly
at specific sites, e.g. with already existing curvatures
through lipid asymmetry, or on domains with higher
membrane fluidity. Here, in vitro reconstitution of this
machinery onto GUVs or other free-standing membranes
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is a valuable tool to better understand and characterize
the physical parameters governing coat protein recruit-
ment and the subsequent membrane transformation in
minimal systems (Sens et al., 2008). In such an approach,
Manneville et al. (2008) reconstituted the Arfl-dependent
assembly of the COPI coat on GUVs by using fluorescently
labeled Arfl and coatomer. They showed that membrane
recruitment of Arfl-GTP alone occurs exclusively on
disordered lipid domains without inducing membrane
deformation. Self-assembly of coatomer, as a next step,
induces extensive membrane deformation, but only at
low membrane tension, and with different lipid compo-
sition from the parental membrane, suggesting that the
COPI coat does not only introduce local curvature, but
may also promote lipid sorting.

There is rising evidence that in addition to the classi-
cal well-characterized systems of cargo uptake such as
clathrin and caveolin, several other mechanisms oflocal
protein-lipid interaction can lead to similar effects. If
large proteins bind and assemble to one side of a mem-
brane, curvature will result, dependent on the mode of
assembly or aggregation. This phenomenon has been
recently observed with the Gb3 (glycolipid)-binding
B-subunit of bacterial Shiga toxin (R6mer et al., 2007).
Upon Shiga toxin binding to cell and model membranes,
narrow tubular membrane invaginations arose, which
were supposed to occur through protein-induced lipid
reorganization that favors negative membrane curva-
ture. Interestingly, depending on the mode of assembly
or aggregation, membrane deformations can lead to
protrusions or invaginations, as shown by Saarikangas
et al. (2009) for different BAR proteins.

The relevance of the local lipid environment in
membrane deformations and budding was highlighted
in another recent study with a focus on intraluminal
vesicles of multivesicular endosomes (Trajkovic et al.,
2008). In a combined cellular and model membrane
study, it was found that cargo is segregated into distinct
subdomains on the endosomal membrane, and that the
transfer of exosome-associated domains into the lumen
of the endosome required the sphingolipid ceramide.
Purified exosomes were enriched in ceramide, and the
release of exosomes was reduced after the inhibition of
neutral sphingomyelinases. On the GUVs, conversion of
sphingomyelin into ceramide resulted in the spontane-
ous, protein-free budding of small vesicles away from
the mother membrane (Figure 4B).

Another intriguing recent study on the in vitro recon-
stitution of the ESCRT-III proteins in GUVs shows mem-
brane bending by the complex in an unconventional
way, where bending and budding away from the mother
membrane can actually be induced against the direction
of coat assembly, i.e. to the inside if the binding occurs
from the outside (Barelli and Antonny, 2009; Wollert
etal., 2009).

Motor proteins acting on membranes

Dynamic interactions between the lipid membranes
of organelles and the cytoskeleton - most impres-
sively occurring in the form of continuously changing
membrane tube networks (Terasaki et al., 1986) - are
critical for intracellular trafficking. Performing in vitro
experiments using cell-free extracts, it has been shown
that motor proteins, moving along cytoskeletal fila-
ments, exert forces on the membranes to which they are
attached (Dabora and Sheetz, 1988; Vale and Hotani,
1988). To better understand the formation of membrane
tubes by motor proteins, the tube pulling system was
first reconstituted by Bassereau and coworkers (Roux
et al., 2002) by attaching purified kinesin-1 motors to the
membranes of GUVs via micron-sized beads. Later on,
the formation of membrane tubes and tubular networks
was also observed when kinesin-1 motors were directly
linked to the lipids of giant unilamellar vesicles (Koster
et al., 2003). The involved forces were measured directly
with optical tweezers, and it was hypothesized that the
cooperation of multiple motors, but not their rigid link-
age to each other, is necessary for tube formation. The
existence of an accumulation of motors at the tip of the
tubes was confirmed by fluorescence intensity measure-
ments on the motor density along the tubes, and it was
determined that the number of motors pulling a tube
can range from four to a few tens (Leduc ef al., 2004).
Remarkably, nonprocessive motors can also coopera-
tively extract tubes (Shaklee ef al., 2008) which exhibit
rich dynamics including distinct phases of persistent
growth, retraction, and an intermediate bidirectional
regime.

A general requirement to couple the activity of
cytoskeletal motors to model membranes is the estab-
lishment of a proper interface, i.e. the reconstitution of a
cytoskeleton- or cortex-like structure on the membrane,
through stationary or transient anchors. Actin has been
polymerized within GUVs quite early, but without stable
attachment between the membrane and the filaments
(Limozin and Sackmann, 2002).

One prominent linkage system between the plasma
membrane and the actin cytoskeleton is based on
the lipid second messenger phosphatidyl-inositol 4,5
bisphosphate (PIP,) and the actin nucleation promot-
ing factor neural Wiscott-Aldrich syndrome protein
(N-WASP). In a recent approach to anchor an actin net-
work to GUVs, Liu and Fletcher (2006) used this combi-
nation of N-WASP, bound to PIP2 and activated Arp2/3
to polymerize actin on the outer surface of GUVs. On
phase-separated vesicles, N-WASP, Arp2/3 and actin
only formed actin networks on TMR-PIP2 enriched
domains. In analyzing the domain melting temperature,
they found that the actin network on the surface of the
membrane can lead to both: induction of new domains,



and the stabilization of existing domains. Furthermore,
the actin network seems to spatially bias the location of
domain formation after cycling the temperature above
and below the melting temperature. This system was
further reconstituted onto GUVs together with activated
ARF1 to verify actin-based propulsion of ARF1 vesicles
and establish a minimal system for the dynamics of
Golgi membranes (Heuvingh ef al., 2007). In another
assay, it was found that GUV propulsion is inhibited by
the presence of VCA-actin covalent complex, showing
that the release of actin from the nucleator is required
for movement (Delatour et al., 2008).

A different approach to tightly anchor cytoskeletal
elements to GUV membranes was chosen in a recent
approach by our group (Merkle et al., 2008) Using
porcine total brain lipid extracts rather than synthetic
lipids, static linkage of actin filaments through the
ankyrin/spectrin machinery bound to functional ion
channels in the GUV membrane could be accom-
plished (Figure 4C).

An interesting mechanism of motor-induced mem-
brane deformation was found in another in vitro
approach on GUV systems, employing dynamin (Roux
et al., 2006) Dynamin is a GTPase involved in mem-
brane fission in endocytosis. Addition of dynamin and
GTP to membrane tubules previously formed from
GUVs by the motor activity of kinesin on microtubules
resulted in twisting of the tubules and supercoiling, sug-
gesting a rotatory movement of the helix turns relative
to each other during GTP hydrolysis. No fission events
were however observed in the absence of longitudinal
tension.

Part C: Minimal systems for encapsulation
of (bio)chemical processes

Clearly, the most attractive task in synthetic biology is
the construction of an artificial cell, or protocell, i.e. a
chemical system encapsulated in a closed compart-
ment that is able to self-replicate and evolve (Deamer,
2005; Luisi, 2007). Nucleic acids with their inherent
propensity for self-replication are the most favorable
candidates for such chemical systems to be encapsu-
lated. Consequently, there are fascinating perspectives
of how systems composed entirely of RNA and specific
membranes could indeed self-replicate and evolve
in the sense that multiple vesicles are generated from
a single one, competing for resources (Szostak et al.,
2001). However, in these systems, the control over the
compartment itself, its size and timing of division,
would not or would only indirectly be encoded on and
regulated by the encapsulated information. Speaking of
membrane vesicles as compartments, it may thus be an
even more fascinating perspective to allow the inclusion
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of proteins to the minimal cell system, and ask for the
fundamental protein machinery that could directly
couple the replication of nucleic acids to the shape
transformations and division of the compartment as
such. Introducing proteins to the minimal system natu-
rally enlarges the number of components considerably,
although the machinery for in vitro transcription and
translation is still of modest size (Shimizu et al., 2001).
In a recent review, Forster and Church (2006) arrive
at an estimate of ca. 150 genes, including subsystems
for nucleic acid replication, transcription, translation,
and a rudimentary system for posttranslational protein
modification.

In the following, we will discuss the two most inter-
esting approaches towards an artificial protocell. The
first is based on compartmented nucleic acids only; the
second integrates purified machineries for cell-free pro-
tein translation, and deals with the question of how to
best confine these systems together with their respective
genetic information, to make the system evolvable. Here,
the first straightforward approach was to use water-in-
oil droplets, although interesting procedures for how to
convert these into vesicles could be described.

RNA loaded vesicles as simplest possible protocells

Probably one of the most elegant approaches for mini-
mal cell systems is based on the “RNA world” hypoth-
esis, i.e. that DNA and proteins are specified classes of
molecules, one responsible for information, the other
for structure and function, which are both derived from
a molecular ancestor: RNA. In this notion, primordial
cells, and thus also artificial cell systems, would use RNA
both for information encoding and for enzymatic cataly-
sis of its fundamental transitions.

An elegant way of constructing RNA-based protocells
was described by Szostak ef al. (2001). The molecular
preconditions for such a system, ready to self-replicate
but also to evolve, were limited to (1) an RNA replicase,
to replicate its own sequence; and (2) a membrane
compartment tight enough to protect the RNA genotype
from the environment, but open for small-molecule
substrates such as nucleotides. Moreover, the mem-
brane should allow spontaneous growth, as well as
spontaneous division at a critical size, i.e. the division
process would be determined in the first place by intrin-
sic properties of the vesicle and the physical properties
of its environment (Hanczyk and Szostak, 2004). Ideally,
these two systems of RNA replicase and vesicular mem-
brane would not only be chemically compatible, but also
coupled in the way that the RNA ribozyme catalyses the
synthesis of amphipathic molecules to directly control
the size and growth of its own compartment. In this way
a true genotype-phenotype coupling, characteristic of
Darwinian evolution, would be guaranteed.
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A few years later, the Szostak group (Chen et al.,
2004a) actually succeeded in creating such a coupling,
albeit with a much simpler coupling mechanism. They
demonstrated that RNA encapsulated in fatty acid vesi-
cles exerts an osmotic pressure on the semipermeable
membrane through counter-ions associated with the
RNA, whose concentration would rise through RNA
replication, and lead to a swelling of the vesicle. This
swelling, on the other hand, acts as a driving force for
incorporation of more fatty acid molecules to the sur-
face, and consequently couples division to true vesicle
growth. It could be shown that osmotically swollen
vesicles indeed yielded an “evolutionary” advantage
over the isotonic ones, in that they grew on expense of
the isotonic vesicles. These experiments demonstrate
that the phenomenon of osmotically driven vesicle
growth could indeed have played a role in emergence of
Darwinian evolution, if first cellular units were built up
by similar classes of molecules. In another study (Chen
and Szostak, 2004), the same group demonstrated that
the growth of fatty acid vesicles also produces a pH gradi-
entwhich could be used as an energy source, e.g. to drive
the transport of small molecules over the membrane.

Recently, the approach was extended towards the
study of activated nucleotide uptake by fatty acid vesi-
cles, combined with a template-copying reaction inside
the vesicle where the nucleotides were actually engaged
in a non-enzymatic copy of an oligo-dC DNA template
(Mansy et al., 2008). In contrast to the fatty acid vesicles,
phospholipid vesicles with the same template system
did not support a similar copying reaction after addition
of activated nucleotides to their exterior, probably indi-
cating that phospholipid membranes only co-evolved
together with protein machineries that allowed active
transport across them. On the other hand, the easy
exchange of nutrients between protocells made of fatty
acids suggests that the first simple protocells made of
nucleic acids and membranes only have been hetero-
trophic rather than autotrophic.

Cell free protein expression in droplets

Although the model system discussed in the last para-
graph is extremely attractive in terms of offering the sim-
plest possible solution to a self-replicating entity, and
may conceptually be the closest to true primordial cells,
it does not give an answer to the at least equally fascinat-
ing question, namely: what fundamental functionalities
were first delegated to protein molecules? Or, in other
words, would there be a rudimentary protein tool-box
controlling and improving at least the most important
features of protocells, such as replication, growth, and
division? Once the environment of first life forms had
reached a more or less steady state, the only possible way
to generate evolutionary advantages was the generation

of better, i.e. more efficient catalysts for the fundamental
transitions.

Consequently, other approaches towards artificial
cells in the past years have chosen a different strategy,
based on proteins and our knowledge about proteins
to date. In particular, they use the protein expression
machinery of modern cells as a module on its own, to
be combined with genes of choice and transplanted into
any closed compartment that could resemble the cellu-
lar framework. Clearly, these approaches do not claim
to be minimal in the sense that the smallest possible
number of functional molecules is reached, but they
are definitely valuable strategies to dissect the cellular
protein machinery and gain information about funda-
mental relationships between a minimal set of protein
components in closed systems. Also, the encapsulation
of a protein expression machinery together with a gene
of choice represents the basis for Darwinian evolution.
The first landmark study elegantly realizing compart-
mentalization of a cell-free transcription/translation
was published by Tawfik and Griffiths (1998), who uti-
lized water-in-oil-emulsions to encapsulate different
genes into small water droplets separated by mineral
oil, achieving true genotype-phenotype coupling. The
technical limitation of this approach, i.e. the heterodis-
persity of these droplets when generated by simple emul-
sification, could several years later be overcome, due
to the general impact of microfluidics on general fluid
handling (Quake and Scherer, 2000). To our knowledge,
our own group first published the concept of creating
large amounts of homodisperse water-in-oil droplets for
cell-free protein expression in soft polymer microstruc-
tures (Dittrich et al., 2003), which was later followed up
on and technically perfected by other groups (Courtois
et al., 2008; Baret et al., 2009). Today, droplet based
microfluidics has many exciting applications in chemis-
try and biology (Link et al., 2006; Clausell-Tormos ef al.,
2008; Chiu and Lorentz, 2009) with a huge promise for
minimal systems design compatible with large number
screening (Huebner ef al., 2008). Figure 5 shows a chip
design for droplet formation, fusion, and storage.

In vitro protein expression in a vesicle

As discussed above, the droplet approach is a potent tool
for evolutionary biotechnology, and appealing also for
minimal system design, but has the significant drawback
that it is an almost completely closed system, where the
exchange between different compartments, or between
the compartment and its environment, is basically
impossible, due to the mineral oil around the droplets.
Thus, the sustainability of these systems is limited by the
difficulty of delivering new nutrients and energy after the
compartment is once created and closed. In the light of
these limitations, a very attractive variation on the theme
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Figure 5. Microfluidic PDMS chip to create microdroplets for cell
free protein expression. (a) Water-in-oil droplets are formed in two
separate channels, one kind with in vitro expression kit (PURE system
or S30 extract), one with DNA, and then synchronized; (b) detailed
scheme of the electrode arrangement to fuse droplets; (c) storage
area where stabilized droplets can be stored over hours and days.

of compartmented cell-free protein expression was pub-
lished by the Libchaber group (Noireaux and Libchaber,
2004). In this study, the compartmentation was first
achieved in the same way as described above, by emul-
sification of the extract in mineral oil. Then, however, the
water-in-oil system was converted into a water-in-water
system by a process of reverse emulsification (Pautot
et al., 2003), i.e. by centrifuging the droplets through an
oil-water interface and thus creating a fatty acid bilayer
from what was first a simple monolayer. The vesicles gen-
erated in this way proved to be stable over days, and, what
is more, through the incorporation or proteins pores such
as alpha-hemolysin, they could also entertain a constant
energy supply to the interior, allowing the protein expres-
sion machinery to continually function by creating new
protein. Over three days, a continuous accumulation of
green fluorescent protein was documented.

This proof-of principle of cell-free protein expression
in membrane vesicles was particularly exciting, because
it constitutes a potent minimal cell system. However,
few publications followed up, which is most likely due
to the limited efficiency of creating reverse emulsions
from droplets with extremely high protein (and ion)
content, as dictated by the protein expression machin-
ery mostly generated from cellular extracts. Our group
among others tried to reproduce the study in GUVs with
very moderate success, mainly due to the low yield of
intact vesicles of substantially larger diameters than the
optical resolution limit. Better results could be achieved
using smaller liposomes (Murtas et al., 2007).

Thus, if the attractive goal of expressing proteins inside
vesicles is further pursued, other ways to create and fill
these vesicles need to be considered. A very interesting
protocol was recently published by the Fletcher group
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(Stachowiak et al., 2008). Here again, microsystems tech-
nology is being employed, to create a microfluidic jet that
forms vesicles through deforming a planar lipid bilayer
into a vesicle, filled with solution from the jet. Although
this procedure still remains to be tested with different
lipid and buffer compositions, it presently appears to be
a most attractive and versatile approach to create large
numbers of giant vesicles with basically no limitation of
inserting complex mixtures or biomolecules.

Part D: Minimal systems for biological
pattern formation

In the final section of this review, we would like to revert
to the biophysical goal of reconstituting self-organiza-
tion in minimal biological systems, and discuss selected
advances in achieving pattern formation in space and
time. The most attractive systems for physicists are
clearly those that show oscillations (Kruse and Jiilicher,
2005), for two reasons: first, the theoretical modeling
of oscillating systems is most rewarding, with a mini-
mal number of ambiguities, due to the periodic repeat
of measurement variables. Second, the occurrence of
oscillations has an inherent plausibility for the relevance
of a chosen biological model system, and helps to beat
criticism of missing physiological relevance, sometimes
being a nuisance in the striving for reduced complex-
ity. We will discuss two exciting recent studies of how
biological oscillations could be accomplished, one on
soluble proteins of the circadian clock, and another one
where the oscillatory behavior involves binding to mem-
branes. The latter example is a particularly attractive
system through its relevance in bacterial cell division,
supposed to establish a pattern that helps the cell to find
the middle, i.e. the perfect division site.

Circadian oscillations reconstituted in vitro

Biochemical oscillations have been studied for a long
time, beginning with metabolic oscillations during gly-
colysis in yeast, evidenced through periodic changes in
NADH fluorescence (Pye and Chance, 1966; Higgins,
1967). Periodicity and the existence of pacemaker reac-
tions are among the most important characteristics of
living systems, and even in complex organisms some of
these oscillations can be observed in spite of the large
number of simultaneously present protein interaction
networks and circuits. Among the most prominent ones
are circadian oscillations to adapt to day/night cycles,
DNA synthesis, and cell division. There are several bio-
chemical mechanisms for establishing oscillations;
some are based on the regulation of gene expression,
others entirely on protein-protein interactions. The most
famousexample oftheformerisprobablytherepressilator
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(Elowitz and Leibler, 2000), which was constructed as a
three component negative feedback loop in E. coli, one of
the most striking early realizations of synthetic biology. A
recentreview of general design principles of biochemical
oscillators (Novak and Tyson, 2008) gives a very valuable
summary of their most important requirements, i.e. the
existence of negative feedback, mechanisms for delaying
itin time to avoid assumption of a steady state, and a suf-
ficient nonlinearity of the kinetic rate laws of the under-
lying reactions, in order to destabilize the steady state.
In addition, the reactions that produce and consume
the chemical species have to occur at appropriate time-
scale. Since the invention of the repressilator, many tran-
scriptional and non-transcriptional feedback loops were
discovered or newly designed in bacterial and mamma-
lian cells (Hasty et al., 2002; Sprinzak and Elowitz, 2005;
Stricker et al., 2008; Tigges et al., 2009), however to the
best of our knowledge, very few of these have yet been
transferred to or even attempted in cell-free minimal sys-
tems (Noireaux et al., 2003).

Conversely, for one of the most well-known and
attractive biological oscillators - the circadian clock -
such a transfer to a complete in vitro system has been
possible (Nakajima et al., 2005). Specifically, the KaiC
phosphorylation cycle from cyanobacteria has been
established by simply incubating KaiC with KaiA and
KaiB, the other proteins that globally regulate the cir-
cadian gene expression. In contrast to other organismes,
KaiC prosphorylation is the sole pacemaker for the
cyanobacterial circadian system, and not a transcrip-
tion-translation feedback loop. With their landmark
paper, Nakajima et al. demonstrated the robustness
of fundamental biological oscillations when reconsti-
tuted in minimal systems, showing that the circadian
periods in their model system were not only consistent
with those measured in vivo, but also stable over a rela-
tively broad range of temperatures, a feature termed
“temperature compensation” This again underlines
the power of minimal systems approaches to elucidate
the fundamental mechanisms of biological pattern
formation.

Oscillations and waves formed by Min proteins

The final experimental demonstration of the power of
minimal systems to elucidate biological networks and
circuits comes from our own work. It is based on the Min
protein system from E. Coli, a class of bacterial proteins
that seem to play a crucial role in defining the division
site, i.e. the positioning of the Z ring that is thought to
induce cytokinesis by constriction. Our motivation to
work with this system was first to assemble a minimal
machinery to reconstitute protein-driven vesicle divi-
sion in a potential protocell. This long-term goal will
be further discussed at the end of this review. However,

there is another reason why this system should be
considered a perfect minimal model for biological self-
organization: the members of the Min protein family
exhibit reproducible and stable pole-to-pole oscilla-
tions in vivo, which can be evidenced by video micro-
scopy of GFP-labeled Min proteins in live bacteria (Hu
and Lutkenhaus, 1999; Raskin and de Boer, 1999; Hale
et al., 2001). Mutants lacking these proteins are prone to
divide asymmetrically, giving rise to mini-cells lacking
DNA (Adler et al., 1967; de Boer et al., 1989)

The fundamental set of players in cell division con-
sists of three different Min proteins, MinD, MinE, and
Min C, where MinD and MinE together are sufficient
to induce the oscillations, and MinC mainly acts as a
passenger to this dynamic pattern, being the actual
inhibitor of Z ring formation. The current view is that Z
ring formation is directed to the middle of the cell sim-
ply through the minimal overall occurrence of MinC
right there, whose concentration in average is much
higher at the poles through the continuous pole-to-
pole oscillations. The relationship between MinD and
MinE can be considered a classical energy consuming
self-organized system as suggested by Turing (Turing,
1952). Energy is consumed by MinD, a member of the
so-called Walker A cytoskeletal ATPase (WACA) family
(de Boer et al., 1991; Lowe and Amos, 2009). The unique
feature of MinD among the WACA family is the pres-
ence of a membrane targeting sequence (MTS), a 19
amino-acid long amphipathic helix at the C-terminal
end of the protein. When bound to ATP, MinD dimer-
izes and exposes its MTS, which peripherally attaches
to the membrane. Importantly, binding of MinD to the
membrane shows cooperative behavior arising from
protein-protein interaction of the membrane-bound
species (Hu and Lutkenhaus 2001; Hu et al., 2002;
Suefuji et al., 2002; Lackner et al., 2003). MinE binds
to membrane bound MinD, stimulating the ATPase
activity of MinD. Subsequently, both proteins detach
from the membrane. The dynamic pattern formation is
ascribed to dynamical instability driven by the hydroly-
sis of ATP (Howard et al., 2001; Kruse et al., 2007).

Our approach to modeling these oscillations was to
purify the main cellular players of Min oscillations, MinD
and MinE, label them fluorescently, and expose them to
a supported membrane consisting of the E. coli lipids
PE, PG and cardiolipin. Upon addition of ATP, impres-
sive travelling wave patterns on the membrane could
be observed (Figure 6), retaining the essential features
of cellular oscillations, i.e. MinE following MinD at the
trailing edge of the wave, and the relationship between
wavelength, propagation speed, and diffusional mobility
of the proteins in solution being consistent with the cel-
lular situation (Loose ef al. 2008). In FRAP experiments
(Fluorescence Recovery After Photobleaching), the pho-
tobleached area in the protein band did not move while



Figure 6. Min oscillations reconstituted in vitro. MinD labeled in
green, and MinE labeled in red are added to a supported membrane
of E. coli lipid mixture and observed by confocal fluorescence micro-
scopy. After addition of ATP, travelling Min waves (along arrow) are
formed by protein self-organization within 30-40 minutes. Wavefronts
can be parallel (left) or spirals (right) dependent of initial conditions.
Lower panel: intensity profiles show that MinE follows MinD at the
trailing edge of the wave (Loose et al., 2008).

the wave was propagating, indicating that the waves are
the result of repetitive cycles of binding and unbinding
events, and not based on directed motion in the plane of
the membrane.

Clearly, the next step of minimal system assembly
should now be to observe how the Min waves react to
the closing of the membrane surface, by injecting the
reaction-diffusion system to vesicles. This is the topic of
ongoing work in our laboratory. In the future, a co-re-
constitution of all Min proteins, MinD, MinE and MinC,
with other key molecules of bacterial cell division, such
as FtsZ, will be pursued, in order to identify the minimal
set of proteins required to divide a vesicle.

Conclusions and outlook

With this review on fundamental approaches and recent
advances of minimal biological system design, we hope
to have convinced skeptical readers of the benefits of
reductionist biophysical approaches in the elucidation
of fundamental biological mechanisms. Especially in
the light of increasing knowledge about the actual com-
plexity of biological systems, it is important to master
the tools of identifying and properly characterizing
the key players. We are aware of the limitations of this
approach, due to the “flat hierarchy” in cellular net-
works that have co-evolved and adapted to each other,
thereby accumulating a large number of functional
redundancies. Nevertheless, the existence of many
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conserved proteins and functional features through-
out all organisms indicates that there are indeed fun-
damental mechanisms of life that could be identified,
and, hopefully, reduced to a basic set of molecules,
such that a quantitative modeling and understanding
becomes feasible. We further believe that this approach
towards understanding biology is “synthetic biology”
in a strict sense, because it intends the construction
of biological phenomena de novo, i.e. from key build-
ing blocks. Nevertheless, we can and should learn
from the established microbial arm of synthetic biol-
ogy, because their toolboxes, although not completely
simplistic, help in reconstituting the most admirable
features of existing biological systems, with regard to
their potential in solving energy or health problems
(Ro et al. 2006).

One way that the biophysical models of synthetic
biology, as outlined in this article, can help these aims is
the construction of a generally applicable chassis which
is not based on or limited to bacterial shells, but could
be generalized to vesicular systems. With the help of
polymer sciences, these vesicles could later even be con-
structed of smart polymer materials, giving them better
stability and flexibility to function at arbitrary conditions
with regard to buffer, temperature, pressure, and other-
wise aggressive environments. We thus believe that this
interface between classical synthetic biology, biophysics,
and materials sciences will be among the most attractive
fields in biosciences in the years to come.
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